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Activity equilibria of the thiol-modulated chloroplast H™-ATPase
as a function of the proton gradient in the absence
and presence of ADP and arsenate
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The 9-aminoacridine fluorescence signal was calibrated for quantitative determination of transmembrane ApH of
isolated thylakoids by imposing defined phosphate potentials at static head in the absence of Ay. This technique was
subsequently employed in the investigation of actual equilibrium activities of the thiol-modulated H *-ATPase as a
function of ApH in the absence and presence of ADP and arsenate which was used as a substitute for phosphate.
Significant quantitative and qualitative differences were observed depending on the compounds present in the medium.
In the presence of ADP alone, virtually no ATPase activity was detected at ApH values less than 3; the sigmoidal
dependence of activity on intrathylakoidal H™ concentration indicated positive cooperativity. In contrast, in the
sresence of arsenate (+ADP) substantial activity was found at much lower proton gradients and a different [H
dependence was observed. In the absence of both, ADP and arsenate, an intermediate activity—ApH relationship was
obtained. The equilibrium levels of tightly bouhd ADP (1 arsenate) as function of ApH were essentially inverse to
ATPase activity, indicating the significance of ADP and arsenate (= phosphate) binding for enzyme control. A model
was established which describes the process of activation by maximally three consecutive reversible protonation
reactions taking place from the lumen phase of the thylakoid, and the interaction of ADP and arsenate / phosphate from
the medium phase at defined protonation stages of the enzyme. This model explains the experimental findings in a
quantitative manner and allows for relevant results reported in the literature. The model proposes a simple interpreta-
tion of active and inactive states of the chloroplast H *-ATPase.

Introduction chemical proton gradient, whereas in its ‘thiol-mod-
ulated’ (= reduced) state the enzyme remains active

The activity of the chloroplast H*-ATPase is con- under certain conditions and is capable of hydrolyzing

trolled by co-operation of multiple regulatory factors
including thylakoid energization, thiols, adenine nucleo-
tides and phosphate. The ATPase is inactive in chloro-
plasts kept in the dark. Upon energization by light or an
artificial pH or electrical gradient, rapid enzyme activa-
tion precedes ATP synthesis [1-4]. In its ‘demodulated’
(= oxidized) form, the ATPase is immediately in-
activated with relaxation of the transmembrane electro-

Abbreviations: As;, arsenate; DTT, dithiothreitol; FCCP, carbonyl-
cyanide p-trifluoromethoxyphenylhydrazone; PEP, phosphoenol-
pyruvate; P,, inorganic orthophosphate; PMS, phenazine metho-
sulfate; Tricine, N-[tris(thydroxymethyl)methyljglycine.
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ATP after decay of the proton gradient [5—8]. Thiol
modulation is accomplished by DTT [S] or the natural
thiol donor protein thioredoxin [9]. The target for thiol
modulation is a specific disulfide group in y-subunit
which is exposed by a conformational change related
with activation [10,11). The activation/ deactivation re-
actions are regarded all-or-nothing processes, i.e., the
overall activity is thought to be determined by the
fraction of active ATPase molecules [2,12].

Several workers have studied the effect of pretreat-
ment to break the disulfide bridge in y-subunit on ApH
dependence of ATP formation. This treatment caused a
shift towards lower ApH values at a given rate of
phosphorylation [13-17]. It was concluded that in the
reduced state of the enzyme the ApH curve reflects the
actual energy requirement of the catalytic process
whereas in non-modulated thylakoids the ApH curve
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indicates the energy requirement for activation of the
oxidized enzyme. For complete understanding of the
context between catalysis and regulation, however, the
regulatory roles of ADP, phosphate and ATP in ad-
dition to their function as substrates have to be consid-
ered, too.

At transition from light to dark, inactivation of the
thiol-modulated ATPase is slow in a nucleotide-free
medium, but is strongly accelerated by addition of
micromolar concentrations of ADP [7]. Acceleration of
deactivation is effected by tight binding of one ADP per
ATPase [18-20] to a B-subunit of CF, [21,22]. This
reaction is slowed down by inorganic phosphate
[18,23,24] or phosphate analogues like arsenate [25].
Binding of ATP on the other hand, leads to stabilization
of an active ATPase [26].

Tightly bound ADP is re-released by membrane en-
ergization [27-31]. The initial rate of liberation of ADP
was shown to match the rate of phosphorylation
[2,4,32,33]). Hence we may conclude that the equilibrium
between active and inactive ATPase molecules in the
light depends on Afi,+ but also on the concentrations
of ADP and phosphate (if ATP is experimentally ex-
cluded) and that the equilibrium level of tightly bound
ADP is essentially inversely related to enzyme activity.

In the present study, equilibrium activities and equi-
librium levels of bound ADP were analyzed as a func-
tion of ApH (at Ay = 0) in the absence and presence of
ADP, arsenate (as a substitute for phosphate) and ADP
+ arsenate. The ApH curves reveal significant dif-
ferences depending on the medium composition. The
results are interpreted by a model which can describe
the experimental data in a quantitative manner.

Methods

Class II chloroplast (thylakoids) were isolated from
spinach leaves as reported in Ref. 30. In all experiments
fluorescence of 9-aminoacridine was registrated as a
measure of transmembrane ApH. The experiments were
conducted in a cylindrical glass cuvette (& =12 mm)
with magnetic stirrer which was placed in a self-con-
structed fluorometer. The central part of the instrument
was a thermostated (20°C) metal bloc containing a
bore for the cuvette. Fluorescence excitation and emis-
sion light was guided through a side bore by a branched
light pipe. Fluorescence emission was received by a
photodiode detector (HUV 4000 B, Polytec) and moni-
tored by a recorder. Photosynthesis light was conducted
through a lower side bore by a second light pipe and
reflected by a 45° mirror through the bottom of the
cuvette. The bloc was mounted on a magnetic stirring
motor. Fluorescence excitation light was filtered through
a 400 nm interference filter (Schott). Fluorescence emis-
sion light was passed through a combination of a glass
and interference filter (490 nm, Schott) to absorb

fluorescence excitation as well as photosynthesis light.
Photosynthetic light was passed through a red cut-off
filter (RG 630, Schott).

The final reaction volume was 2.5 ml. The medium
contained 10 mM Tricine buffer (pH 8.0), 50 mM KCl,
50 nM valinomycin, 5 mM MgCl,, 10 mM DTT, 50 uM
PMS, and thylakoids corresponding to 25 pg chloro-
phyll/ml. After registration of basal fluorescence, 9-
aminoacridine (5 pM) was added. The resulting fluores-
cence increase was termed ¢,. For thiol modulation,
maximal intensity of photosynthesis light was given for
2 min. The steady-state fluorescence obtained in the
light was designated @. As a measure of ApH the term
log (@, — ®)/® was computed [34] and calibrated as
described in detail in the Results section. For measure-
ments of steady-state ATPase activities as function of
ApH, light was subsequently attenuated to variable
intensities; where indicated, 10 pM ADP and/or 5 mM
arsenate was added at the same time. After 3 min, a
pulse consisting of [**PJATP (0.5 mM), phosphoenol-
pyruvate (0.5 mM), pyruvate kinase (salt-free, 15 U /ml)
and nigericin (0.2 pM) was employed together with
turning off the light. 0.2 ml samples were deproteinized
by HCIO, (0.5 M) after 10, 20 and 30 s. The rate of
ATP hydrolysis was calculated from the contents of
[*P]P, of the samples which were analyzed as in Ref.
35. Synthesis of [*2P]ATP by photophosphorylation was
also described in Ref. 35.

Levels of tightly bound ADP as a function of ApH
were measured in analogous experiments using 10 uM
["*CJADP instead of unlabeled ADP. For termination
of the reaction, an isotope dilution quench technique
[36] was employed. The quench solution consisting of 5
mM unlabeled ADP and 50 uM FCCP (final concentra-
tions) was added after 3 min reaction. The free ["*CJADP
was removed by three washing steps [30]. Aliquots of
the resuspended pellets were used for chlorophyll de-
termination and measurement of radioactivity in a
scintillation counter [30].

Results

Calibration of 9-aminoacridine fluorescence for de-
termination of ApH

The project designed in the Introduction requires a
quantitative technique for the determination of trans-
thylakoidal proton gradients. Fluorescence quenching
of 9-aminoacridine [34] is a convenient but contested
method; the proposed mechanism [34] as well as the
quantitative application was challenged [37,38). How-
ever, the reaction mechanism is unimportant when the
fluorescence signal is used as an arbitrary indicator of
ApH for the employed experimental conditions (pH,
chlorophyll concentration etc.) and calibrated by an
independent standard. The principle of the here con-
ducted standardization is based on the energetic equiv-



alence of the electrochemical proton potential and the
phosphate potential in the ‘static head’ state and as-
sumes complete delocalization of the proton gradient
{39]. In equilibrium the relationship between the two
energetic parameters is expressed by

AGp=n(2.303-RTApH + FAY) (1)

The 9-aminoacridine signal observed at a certain equi-
librium AG, can be assigned to ApH when n (=
H*/ATP) is known and AY is zero. Actually in il-
luminated thylakoids A¥ can be neglected at steady-state
energization, especially in the presence of K* and
valinomycin [40]. The H*/ATP stoichiometry of the
H*-coupled thylakoid-ATPase is assumed to be 3, a
value which has been established by different experi-
mental approaches [40-45]. The phosphate potential
AG, is composed of a standard term AG,? and a variable
term including the actual concentrations of ATP, ADP
and phosphate:

[ATP]

= AGS +2.303- —
AGp = AGS +2.303-RT log {ADPI(E]

(2)

AGY was determined by Rosing and Slater [46] under a
variety of experimental conditions. Taking into account
the temperature (20 ° C), pH (8.0), ionic strength of the
medium (approx. 0.1 M) and the concentrationsof Mg?*
(5 mM), their data permit to estimate for our conditions
a value of 32.2 kJ - mol~'. At A¥ =0, combination of
Eqns. 1 and 2 and insertion of the constant terms
yields:

1 [ATP]

ApH=1.91+ = log —~—-1
P 3 '°8 [ADP)[P,]

3
To get a calibration curve, 9-aminoacridine signals ob-
tained at the respective equilibrium phosphate poten-
tials are plotted versus ApH which is calculated accord-
ing to Eqn. 3. The advantage of this method of stan-
dardization is that the internal thylakoid volume (which
is difficult to determine precisely [38]) does not enter in
the calculation of ApH when the experimental condi-
tions are kept constant.

‘Internal’ equilibrium phosphate potentials can be
determined by analyzing the equilibrium concentrations
of the participating substrates in illuminated thylakoid
suspensions [47]. Alternatively, the equilibrium state
may be determined by ‘externally imposed’ phosphate
potentials as follows [45].

After preillumination of the thylakoids in the pres-
ence of DTT, varying ApH values are adjusted by
changing the intensity of the photosynthetic light and
monitored by 9-aminoacridine fluorescence. After
reaching the steady state, a mixture consisting of ATP,
ADP and P, of a defined phosphate potential is added.
Depending on the light intensity employed, the
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TABLE 1

Logarithm of fluorescence quenching over fluorescence of 9-aminoacrid-
ine at an equilibrium phosphate potential of 49 kJ-mol ~'! adjusted by
different concentrations of ATP, ADP and phosphate

The ratio of [ATP]/[ADP]P;] was 1000 M~ in any case. The
equilibrium state between ApH and AGp was ascertained as described
in the text.

Concentrations (p M) b, — @
log >

ATP ADP P,
100 100 1000 -0.14
200 200 1000 —-0.15
200 50 4000 -0.15
100 200 500 -0.14

50 100 500 -0.14

9-aminoacridine signal either decreases (indicating net
phosphorylation) or increases (indicating net ATP hy-
drolysis) or does not change at all (equilibrium state).
Usually the equilibrium state is not encountered ex-
actly, but can be ascertained by interpolation between
positive and negative fluorescence changes obtained at
different light intensities [45]). Addition of adenine
nucleotides causes some instantaneous fluorescence
quench which is unrelated with ApH [45,48]. For cor-
rection, controls are run under conditions which ex-
clude ATP synthesis and ATP hydrolysis. The nucleo-
tide dependent fluorescence quench can be separated
from the ApH signal in the presence of EDTA or Ca?*
instead of Mg?™.

In an experiment shown in Table I, a constant initial
phosphate potential of 49 kJ-mol™! was maintained
with varying concentrations of the three substrates. As
expected theoretically, the corrected 9-aminoacridine
fluorescence signals (expressed as log (®,—P)/P) were
identical irrespective of the substrate concentrations
employed. This result justified the use of all possible
ratios of substrate concentrations for adjustment of
different phosphate potentials. An essential point is the
correct determination of the substrate concentrations:
we found that the commercial preparations of ATP
contained up to 4.2% ADP and up to 6% P,, while ATP
contained 1.5% ADP. Of course these contaminations
must be taken into account for adequate calculation in
particular when low or high AG, values are required.

The collected data of a number of independent
calibration experiments are shown in Fig. 1. The two
techniques for determination of the equilibrium state
gave rather consistent results. Under the employed con-
ditions a linear relationship between log (@,—®)/® and
ApH is evident in a ApH range from 2.5 to 3.5. For
practical application the curve was linearly extrapolated
below ApH =125 and above ApH = 3.5 although
scattering is large in these ranges. It must be em-
phasized that a thus established calibration curve is
applicable for the employed conditions only (external
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Fig. 1. Relationship between the logarithm of fluorescence quenching
over fluorescence and transthylakoidal ApH at pH_,, = 8.0. The ApH
values were computed from equilibrium AG, values determined
according to Eqn. 3. Equilibrium phosphate potentials were either
imposed externally (filled symbols) as described in the text or assayed
analytically (open symbols). In the latter case thiol-modulated
thylakoids were illuminated with 50 pM [*CJADP and 100 xM
phosphate at different light intensities until equilibrium. The con-
centrations of labeled AMP, ADP and ATP were determined after
thin-layer chromatography as in Ref. 49. The inserted equation resulted
from linear regression analysis of the data between pH 2.4 and 3.4
and was employed for the assessment of ApH in all subsequent
experiments.

pH=280, 25 pg chlorophyll/ml and the indicated
medium composition). The scattering of the data seems
to permit an accuracy of about 0.2 ApH units. The
relatively large error is mainly due to deviations be-
tween the individual experiments. In the single experi-

ments the points are usually located above or below the
mean line drawn in Fig. 1 and can be connected by
paraliels to the mean line. In order to improve compari-
son between the ApH scales in the individual experi-
ments described below, 3—4 calibration points taken at
the end of every experiment are used for scale normal-
ization.

ATPase activity as function of transmembrane ApH

In this study, activation states of the thiol-modulated
H*-ATPase are investigated as function of ApH in the
absence or presence of the effectors ADP, arsenate and
ADP plus arsenate. The phosphate analogue arsenate
was employed in order to prevent the formation of ATP
which would complicate the experimental system.

After thiol modulation by 2 min preillumination of
the thylakoids in the presence of DTT, varying ApH
values were adjusted in the presence of the indicated
compounds by changing the light intensity, and were
monitored by the calibrated 9-aminoacridine fluores-
cence. After reaching a steady state, the enzymatic
activity was assayed by the initial rate of ATP hydroly-
sis under conditions which were optimal and equal in
every sample. For this purpose, a pulse consisting of
[**PJATP, PEP, pyruvate kinase and nigericin was given
together with turning off the photosynthetic light. The
ATP-regenerating pyruvate kinase system was employed
to exclude any subsequent regulatory effects of ADP
[49]. Uncoupling by nigericin together with darkening
immediately provided the optimal thermodynamic con-
ditions for ATP hydrolysis. ATP hydrolysis was fol-
lowed kinetically by analyzing [*?P]P, in consecutive
samples taken within the first 30 s after the pulse. In
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Fig. 2. Relative equilibrium activities of the H*-ATPase as function of ApH in the absence of ADP and arsenate (a), in the presence of 5 mM
arsenate (b), in the presence of 10 pM ADP (c) and in the presence of 10 uM ADP+ 5 mM arsenate (d). The curves were calculated by the model
of Scheme I using the constants indicated in Discussion.



this time range the dilution of specific radioactivity
could be neglected.

The time for achievement of the equilibrium state of
ATPase activity was measured at low and high ApH
values in the absence and presence of ADP, arsenate
and ADP plus arsenate. It was established that 3 min
were sufficient in any case (not shown). Therefore a
standardized equilibration time of 3 min was employed
in all subsequent experiments. Fig. 2 shows the ob-
tained equilibrium activities as function of ApH in the
absence of any additions (a), in the presence of 5 mM
arsenate (b), in the presence of 10 uM ADP (c¢) and in
the presence of 10 uM ADP + 5 mM arsenate (d). The
data of a number of independent experiments were
collected and normalized as fractions of maximal activi-
ties. In the individual experiments the maximal rate of
ATP hydrolysis varied between 280 and 450 pmol P,/mg
chlorophyll per h. The drawn curves were computed
according to a model shown in Scheme I which is
discussed below.

In spite of the scattering, the results show significant
qualitative and quantitative differences between the four
variants. The ApH values for half-maximal activity are
about 3 in the absence of any additions, less than 3 in
the presence of As; or ADP + As,;, but about 3.8 in the
presence of ADP alone. At ApH = 2.5 no activity is
detected if the medium contained ADP alope, about
10% activity is observed in the ADP- and As-free
medium, but 30-40% of maximal activity is found when
As, with or without ADP is present. At ApH = 4 almost
full activity is measured under all conditions except for
the presence of ADP alone.

ATPase activity as a function of ApH was also
measured after equilibration in the presence of 1 and
100 uM ADP (not shown). At 1 uM ADP the activity
curve was located between the curves obtained at 0 and
10 uM ADP. Points taken in the presence of 100 uM
ADP indicated that the activity curve was not further
shifted significantly towards higher ApH values at ADP
concentrations greater than 10 pM. Hence the dissocia-
tion constant for ADP must be considerably lower than
16 pM, a conclusion which is in accordance with kinetic
measurements {30].

It is evident that the ApH curves are different in
shape depending on the components present in the
medium. For a more detailed analysis the ATPase activ-
ities of Fig. 2 were replotted as functions of the in-
trathylakoidal H* concentrations calculated from the
ApH values (Fig. 3). In the absence of both effectors a
more or less hyperbolic curve is apparent. In the pres-
ence of ADP, the activity curve is clearly sigmoidal.
Assuming that activation involves the interaction of the
ATPase with protons from the lumen side, this result
suggests positive cooperativity, i.e., more than one H*
per ATPase is necessary for activation in the presence
of ADP. Different [H} ]-activity relationships are ob-
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Fig. 3. Relative equilibrium activities of the H*-ATPase as function of
the intrathylakoidal H* concentration. Replot of the data presented
in Fig. 2.

served in the presence of arsenate + ADP and arsenate
alone. In particular in the latter case a biphasic curve is
evident. A hyperbolic phase saturated at a very low
internal H* concentrations, is followed by another hy-
perbolic phase with a half-saturating concentration of
about 20 pM H.

Levels of tightly bound ADP as function of transmem-
brane ApH

Equilibrium levels of ADP tightly bound to CF; as
function of ApH were measured in analogous expen-
ments by using '“C-labeled ADP as effector. The
amounts of tightly bound ADP were assayed by em-
ploying a previously developed isotope dilution quench
technique [36]. The quench solution consisting of a high
excess of unlabeled ADP and FCCP, provides displace-

10 . ° {a)

05 .

relative levels of tightly bound ADP

2 3 L
ApH

Fig. 4. Relative equilibrium levels of tightly bound ADP as function
of ApH in the absence (a) and presence (b) of 5 mM arsenate. The
concentration of [*CJADP was 10 p M.
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ment of all labeled ADP from the membranes except
the molecules which are non-exchangeable, i.e., tightly
bound, and furthermore prohibits Aji,.-dependent re-
release of bound ADP molecules because of the rapid
uncoupling by FCCP [36]. Maximal levels of tightly
bound ADP were ascertained in every single experiment
by performing the reaction for 30 min in the dark after
preillumination. Under those conditions binding of ADP
is complete and irreversible [29,30,36]). The mean of the
dark controls was 1.1 nmol/mg chlorophyll. This value
is in agreement with previously reported results [30] and
corresponds to about 1 mol tightly bound ADP per mol
CF,.

In Fig. 4 the relative equilibrium levels of tightly
bound ADP obtained in several independently con-
ducted experiments are plotted as function of ApH in
the absence and presence of arsenate. Under both con-
ditions the levels of bound ADP decrease with increas-
ing ApH, in the presence of arsenate, however, the
point of 50% ADP binding is shifted towards lower
ApH values. The drawn curves are computed by the
model described below (Scheme I).

Discussion

Afi+-dependent conformational changes leading to
activation of the chloroplast H*-ATPase were attri-
buted to different pH optima at the inner pole (accessi-
ble from the thylakoid lumen) and the outer pole (acces-
sible from the medium) of the enzyme [31,50]. The
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Scheme 1. Model of regulation of the chloroplast H*-ATPase by
interaction of H* from the intrathylakoidal phase (H,) and ADP
and As; binding from the medium phase. The indices a and i signify
active and inactive enzyme species, respectively. The binding state of
ADP and arsenate is marked by a bar (tightly bound) or a dot
(exchangeable). The constants K, to Kg are equilibrium constants of
the respective steps. Reactions put in parentheses were disregarded in
the computations.

protonation and deprotonation reactions at the two
sides may occur in a concerted mode, so that the
protonation state of the inner protonable groups affect
the pK values of the outer groups and vice versa
[51,52]. However, if reasonable assumptions are made
[51], the activation state is essentially a function of the
intrathylakoidal H* concentration when the external
proton concentration is kept constant, as in the here
reported experiments. In an equilibrium model (Scheme
I) the process of reversible activation is interpreted by
reversible protonation reactions at the inner pole of the
enzyme at the given external pH of 8.0. Starting from
some basic assumptions, the model was modified step-
wise so that the simulated curves matched the measured
data under all experimental conditions (six variants)
with an identical set of constants. It turned out that the
experimental results could be best accommodated to a
model which includes altogether three consecutive
protonation steps. As the number of catalytic entities
per ATPase is three, we assume that one proton is
guided to each of the catalytic units. Hence a successive
activation of the catalytic units is proposed. The ap-
parent pK values of the three protonable groups are
affected by each other and also by the functional state
of the nucleotide and phosphate (= arsenate) binding
sites. It is further assumed that each unit contains one
nucleotide binding site which is responsible for both,
catalysis and regulation. In fact it was demonstrated by
photolabeling experiments with 2-azido-ADP, that
tightly bound nucleotides are on catalytic sites [53].
Although up to three more nucleotide binding sites were
detected in isolated CF, [54], their functional meaning
in situ remains unclear. In this context it must be
mentioned that the targets for binding of photoreactive
nucleotide analogues were found to be rather different
in membrane-bound and isolated CF, {55,56]. In the
membrane-bound enzyme the three relevant sites may
be closed or open, occupied by a nucleotide molecule or
non-occupied. If a closed site is occupied, the nucleotide
molecule appears ‘tightly bound’. Activation of a cata-
lytic unit is suggested to be related with opening of the
corresponding site. The number of sites which have to
be available in Order to get a catalytically active enzyme
depends on the presence or absence of ADP and
arsenate/ phosphate (see below). Without claiming defi-
nitiveness, the employed equilibrium model is capable
of describing the reported results in a more or less
pertinent way. It is regarded as a working model which
can be scrutinized further by analysis of the proposed
reaction steps. The main features of the model are the
following.

(1) An individual enzyme molecule is either fully active
or fully inactive [13,14]; however, multiple active and
inactive forms may be discriminated by the state of
protonation and binding of regulatory ligands as ADP
and phosphate (= arsenate), respectively.



(2) In dark-adapted chloroplasts two different inactive
ground forms exist: one with an ADP tightly bound in
one of the three B-subunits or a— B interfaces (°E,-ADP),
respectively, and one which is lacking the bound ADP
(°E,). All sites are closed towards the medium phase, so
that actually no interactions between the protein and
the free nucleotides are possible. This may explain
inactivity of the ATPase in the ground state.

(3) In E, one internal protonable group is available
with a pK not far below the pH of the medium. In
YE,-ADP the respective H* binding site exhibits a lower
pK. Binding of one H* creates still inactive forms with
one open non-occupied site ('E;, 'E.-ADP) which are
capable of binding arsenate/phosphate. 'E,; may be
able to slowly bind ADP in an irreversible manner
[18,30,36]. In 'E,-ADP the ADP-containing site is still
closed.

(4) Upon transfer of the two ground states to 'E, or
'E,-ADP another inner protonable group is becoming
accessible at a second catalytic unit. In 'E-ADP the
protonable group is at the unit containing the tightly
bound ADP and exhibits a very low pX. Protonation of
'E, yields an active species *E,, protonation of 'E,-ADP
transfers the tightly bound to an exchangeable ADP;
this form (’E;- ADP) is still inactive, but conversion
into the active species *E, would be possible by dissoci-
ation of the ‘loosely’ bound ADP. *E,- ADP. can un-
dergo exchange of the bound ADP with medium ADP
[30]; since this process is known to require dissociation
of the bound ADP and simultaneous reassociation of
medium ADP to another site [57], we can assume that
rebinding of medium ADP takes place at the site which
was opened by the first protonation step.

(5) Upon formation of 2E,- ADP, the H* binding site
of the third catalytic unit is opened. Protonation of this
group creates a species with a loosely bound ADP
which is catalytically active (*E,- ADP) [30,36,57].
Analogously, 2E_ may associate a third proton to form
an alternative active species *E,. ’E, and *E, show
different properties with regard to rebinding of ADP in
as much as *E, binds ADP at a higher rate than *E,. It
has been shown that thylakoid energization accelerates
the initial velocity of tight ADP binding [18], a result
which could be explained by the above assumption.

(6) On the basis of the non-competitive inhibitory effect
of phosphate on tight ADP binding it was concluded
that phosphate interacts with an ADP-free as well as
with an intermediate ADP-containing enzyme form
[24,25]. By phosphate interaction, tight binding of ADP
and ADP-dependent inactivation is retarded [18,23-25].
These facts as well as the here reported results were
taken into account by postulating that active species are
formed by binding of As; or .P, to both, 'E; and
'E,-ADP. Possibly more than one step (as drawn in the
scheme) is involved. We may speculate that a second
and third protonation occurs (as in the absence of
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phosphate), which are indetectable in our experiments
because the pK values of the respective H* binding
groups might be strongly increased by arsenate/
phosphate binding.

For mathematical simulation, the connected equi-
librium equations (Scheme ) were solved by a computer
program to yield the fraction of all active enzyme
species and the fraction of enzymes with tightly bound
ADP as a function of ApH. K, to K, were accommod-
ated so that the curves fitted the experimental data in
the best way. The curves in Figs. 2-4 were computed
with dissociation constants for internal protonable
groups K, =107" M, K,=K,=K,=K,=2-10"° M,
K;=10"* M. The interactions of ADP and arsenate
are characterized by the dissociation constants K, =2 -
107°M, K, =10"? M and K, =1.43-10"* M. Conver-
sion of the dissociation constants K, to K, into ap-
parent pK values at an external pH of 8.0 yields
pK,=7, pK,=pK;=pK,=pK;=4.7 and pK,;=4.
The curves are not significantly changed by raising pK,
to values close to 8, i.e., the first protonation step of the
ADP-free enzyme may occur at an extremely low pH
gradient.

In the absence of ADP, the life time of the coupled
ATP hydrolyzing activity of the thylakoids was found to
be much larger than the relaxation time of the proton
gradient [7]. In the presence of an uncoupler, i.e., when
rate limitation by H* efflux is abolished and enzyme
reactivation during ATP hydrolysis by the developing
proton gradient is made impossible, the dark decay of
ATP hydrolyzing activity is faster [58], but not as fast as
the relaxation of the proton gradient. This fact requires
to assume that the structural change induced by proto-
nation of 'E; to yield 2E_ or *E, is not easily reverted
when the pH of the internal environment is brought to
the initial level. (This may be the most important func-
tional difference between the thiol-modulated and the
non-modulated enzyme which falls into its inactive state
immediately with relaxation of the gradient). As proto-
nation/ deprotonation reactions are fast, we have to
conclude that the respective proton binding site disap-
pears upon protonation and gets exposed again to the
lumenal phase only after slow reconversion to the initial
conformational state. For computation of the equi-
librium model this objection is irrelevant; however, we
have to admit that the equilibrium reactions in reality
may be more complex.

The most significant differences were observed when
activity-ApH relationships were compared in the pres-
ence of ADP and ADP plus arsenate (Fig. 2). At
ApH <3, the ATPase activity is nearly zero in the
presence of ADP alone. In contrast, substantial activity
is found even at ApH =2 when arsenate is also in-
cluded in the medium. Increase of the fraction of active
enzymes in the presence of arsenate is matched by a
corresponding decrease of the level of tightly bound
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ADP. The results confirm the importance of arsenate/
phosphate to counterbalance the effect of ADP as
deactivator of the chloroplast ATPase [24]. As pointed
out above, we think that regulation by nucleotides and
phosphate occurs at the same sites which are responsi-
ble for catalysis. To understand the context, we may
imagine that occupation of one site with ADP in the
absence of arsenate/phosphate triggers closure of all
three sites when ApH decreases below 3, thus creating
an inactive enzyme molecule. On the other hand, bind-
ing of both, ADP and arsenate/phosphate, to one of
the sites may keep the sites open, i.e., ready for cataly-
sis, even at lower ApH values, and retard closure of the
sites upon complete deenergization, respectively. Usu-
ally Aji,;«-dependent ATPase activation and A+
driven ATP formation are considered to be independent
processes. Nevertheless, the two processes could be
traced back to the same primary event, the opening of
catalytic sites induced by protonation of groups accessi-
ble from the internal phase and deprotonations at the
opposite pole. Energy-linked cyclic alteration of sub-
strate affinities of the catalytic sites as proposed in
Boyer’s ‘binding change mechanism’ [59], means essen-
tially the same. Measurements of the activation state as
performed in this paper yield information about the
condition of the enzyme to be ready for catalysis. Our
results indicate that this is dependent on the absence or
presence of ADP and arsenate/phosphate and suggest
that at least two catalytic sites must be freely available,
i.e., open and non-occupied (e.g., E, and ’E, - ADP).
After initiation of the catalytic reaction by addition of
the substrates, the third site might also be integrated in
the catalytic cycle. If the site is covered with ADP
(PE, - ADP), this ligand may be expelled in pace with
the first catalytic cycle, since it was shown that the
initial rate of release of tightly bound ADP corresponds
to the initial rate of ATP formation when ADP and
phosphate is in the medium [32,61). The formation of
tightly bound nucleotides would be a compulsory conse-
quence of deenergization of a catalytic unit containing a
nucleotide molecule. Although this may be a repetitive
step in every cycle [59), a tightly bound nucleotide can
be experimentally detected only when the condition of
the enzyme excludes continuation of the catalytic cycle.

It appears necessary to comment on the method of
ApH measurement employed in this study. The confi-
dence of the used calibration relies on the validity of
Eqn. 1 which may not be doubted, and the correctness
of the values AG? and n. Recently it was suggested that
the H*/ATP ratio may be higher than 3 [60]. With
n=4 (Rumberg, B., personal communication) the
calibration scale would be altered significantly and
hence the x-axes in Figs. 2-5 would be changed, too.
Nevertheless, the data could be explained by the model
(Scheme I); in this case the constants were pK, = 7.0,

pK,=5.0, pK;=pK,=pK¢=5.3, pKs=42 and KX,
=210"°M, K;=33-10"2 M, K;=5-10"> M.
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